To optimize the take of transferred fat, better understanding of fat graft morphology and growth properties in vivo is critical. We aim to evaluate survival, volume retention, metabolism, and cellular composition of various aliquots of human fat xenografts. Methods: Twenty athymic nude mice were injected subcutaneously in opposing flanks with 0.1 ml (small) and 1.0 ml (large) aliquots of human fat graft. Volume (ultrasound) of fat aliquots was measured at baseline, 1, 3, and 12 weeks after implantation. Tissue metabolism ( 18 F-FDG), Hematoxylin and Eosin, special stains, and immunohistochemical analysis were performed at 3 and 12 weeks to determine graft viability, cell origin, and proliferative activity. Results: Only 1 of 10 small grafts were detected after 12 weeks by ultrasound and 5 of 10 were found at necropsy. Volume of large grafts decreased significantly from baseline at 3 (827 ± 195 mm 3 versus 953 ± 122 mm 3 ; P = 0.004) and 12 weeks (515 ± 163 mm 3 versus 953 ± 122 mm 3 ; P = 0.0001). Metabolism increased with time in small (0.6 ± 0.4%ID/g versus 2.0 ± 1.1%ID/g, P = 0.01) and large grafts (0.4 ± 0.3%ID/g versus 1.4 ± 0.9 %ID/g; P = 0.005). Large grafts viability decreased between 3 and 12 weeks (72 ± 20% versus 31 ± 30%; P = 0.012) although small graft viability remained unchanged. Viable and proliferating human and mouse adipocytes and chimeric blood vessels were seen within grafts at both time points. Conclusions: Larger graft aliquot was associated with better volume retention by ultrasound but lower viability by histology. Graft metabolism increased with time irrespective of aliquot size potentially due to regenerative processes of both donor and recipient origin.
INTRODUCTION
Autologous fat transfer has been gaining popularity in breast surgery as a sole procedure or adjunctive modality to both prosthetic and autologous techniques. 1, 2 Compared with more traditional reconstructive approaches, fat grafting is a less complex method with low morbidity that can be customized to address unique breast defects. 3 Despite its clinical efficacy, fat grafting is associated with some shortcomings. Fat graft take is unpredictable and ranges widely from 20% to 70%. 4 Necrotic fat can create cysts or lumps that can be oncologically concerning. 5, 6 To enhance success of fat transfer, grafting using microribbons no larger than 2 mm in diameter and avoidance of larger fat aliquots associated with liponecrotic cysts has been recommended. 7 On the other hand, as demonstrated by Choi et al. 8 , small fat graft volumes lead to lower volume retention than their larger counterparts.
Variable retention of transferred fat likely results from physiologic factors, which are not clearly understood. Eto et al. 9 reported 3 zones of adipocyte behavior in vitro: survival, regeneration, and necrosis depending on the fat cell distance from nutrient source. It was hypothesized that graft regeneration was dependent on a compensatory proliferation in response to adipocyte apoptosis, in which neighboring progenitor cells become activated to maintain tissue homeostasis. In the search for the optimal fat graft aliquot, we postulate that the ultimate fat graft volume retention results from fat survival and replacement by regenerative processes of both graft and host origin. In this study, we set out to examine volume retention, metabolism, and proliferation of small and large human fat xenografts in a murine model.
METHODS

Human Lipoaspirate Harvest
Human fat was procured from a female nonsmoker undergoing a fat grafting procedure for second-stage reconstruction who consented to her own fat donation according to the Spectrum Health Institutional Review Board Protocol. The patient's thighs were injected with a standard tumescent solution composed of 1 liter of Lactated Ringer solution, 40 ml of 1% plain lidocaine, and 1 ampoule of epinephrine (1,000 units). A 5-mm fat harvesting Becker Tear Drop cannula (Byron Medical, Inc, Tucson, Ariz.) attached to standard liposuction tubing with a 60 ml Luer-lock syringe was used to manually harvest fat. The lipoaspirate was transferred to 10 ml syringes and centrifuged at 3,000 rpm for 3 minutes. After centrifugation, each syringe was placed vertically to display 3 layers: the top layer (oil), the middle layer (fat), and the bottom layer (serum). The oil and serum layers were discarded. Each syringe was then placed in a rack in vertical position, and the residual oil was removed using Codman neuropads placed on the fat layer for 4 minutes as described by Coleman. 10 The isolated human fat was then transported directly to the Van Andel Research Institute within the 10 ml syringes on ice and was immediately prepared for injection. Total time from fat harvest to injection of xenograft was 1.5 hours.
Mouse Xenograft Implantation
All animal procedures were approved by the Institutional Animal Care and Use Committee at the Van Andel Research Institute. Twenty female athymic nude mice were injected with a bolus of the human fat isolate subcutaneously with 0.1 ml (small) and 1.0 ml (large) aliquots of fat graft into right upper and left lower flank mammary fat pads, respectively. An 18 gauge needle was used to carefully place the subcutaneous injections striving for nonperitoneal penetrance. All fat xenografts were grossly visible at completion of injection. Inhalational anesthesia (2% isoflurane in 1,000 cc/min O 2 ) was used from initiation to completion of injections. Animals were killed at either 3 (n = 10) or 12 (n = 10) weeks after surgery.
MicroUltrasound
The animals were reanesthetized at 1, 3, and 12 weeks to undergo follow-up imaging studies. MicroUltrasound studies were performed using the Vevo 770 Imaging Platform, (Visual Sonics, Toronto, Canada). B-mode 3-D ultrasound imaging was conducted to retrieve graft and cavitations volumes immediately (baseline) and at 1, 3, and 12 weeks after grafting. Cavitations were defined as well-differentiated hypoechoic spaces within the grafts. Graft and cavitation volumes were calculated using the Visual Sonics software and reported in millimeters cubed (mm 3 ) and percentage of total graft volume.
Tissue Biodistribution Study
All mice were fasted with free access to water for at least 6 hours before 2′-deoxy-2′-18 F-fluoro-D-glucose ( 18 F-FDG) injection. The animals were placed in a 37.5 °C heated cage 20-30 minutes before radiotracer injection and moved to a 37.5 °C heated induction chamber 10 minutes before injection where they were anesthetized. A dose of 25 μCi in 0.1 ml of 18 F-FDG was administered through the tail vein, and the mice were placed in a 37.5°C heated induction chamber for 60 minutes of unconscious uptake. Animals were killed immediately after the uptake period at 3 and 12 weeks, and the fat grafts were collected and weighed. Radioactivity in each sample, as counts per million, was measured using the γ-scintillation counter (Perkin Elmer, Waltham, Mass.). Percentages of the injected dose/gram of tissue (%ID/g) as Standardized Metabolic Rate (SMR) were calculated for each graft by the following formula.
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Fat Graft Harvest
Human fat xenografts were harvested by making an incision down the midline of the abdomen and separating the skin from the subcutaneous fascial membrane laterally to reveal the large and small grafts on either flank. Great care was taken not to disrupt the graft capsule. Grafts were harvested and placed in 10% neutral buffered formalin for 48 hours for tissue fixation, followed by embedding in paraffin block.
Histology
Hematoxylin and Eosin (H&E) staining and immunohistochemistry analysis were performed on 5 micron sections from formalin-fixed, paraffin-embedded tissues across the long axis of a graft at 3 and 12 week time points. No primary antibody slide was run as negative control. Both animal and human tissue microarrays were used in antibody optimization and contained numerous mesenchymal tissues that showed no staining. Perilipin stain was juxtaposed with respective H&E slides to assess adipocyte viability. In situ hybridization (ISH) with a human DNA-specific Alu probe was applied to visualize cells of human origin as previously described. 11 Mouse monoclonal antihuman CD34, CD24, and CD68 antibodies were utilized to identify cells of mesenchymal lineage, as follows: CD34 mesenchymal and preadipocyte, CD24 preadipocytes specific, and CD68 macrophages. Serial section immunostains and ISH assays were performed on automated immunostainer (DiscoveryUltra, Ventana, Roche Inc.). Ki-67, a cell S-phase proliferation marker, identified actively dividing cells.
In evaluating the histologic measurements, 2 investigators with mouse and human pathology research expertise reviewed adipose xenograft sections. Evaluation included the entire capsule and xenograft interface at low magnification (40×) with no less than 10 high power fields of xenograft to include both central peripheral regions.
Statistical Analysis
Ultrasound graft volume (mm 3 ) and cavitation data (%volume) measured at 1, 3, and 12 weeks were compared with baseline and analyzed in each animal and between the groups using paired and unpaired t test when appropriate. Similarly, SMR of specimens harvested at 3 and 12 weeks was compared utilizing an unpaired t test. The histologic measurements were evaluated statistically using paired and unpaired t tests when appropriate. Immune infiltrate in the capsule and within the graft was graded as 0, none; 1, minimal, few; 2, moderate; 3, moderate to marked; and 4, heavy. Organization of a capsule surrounding the grafts was measured as 0, no capsule; 1, minimal, poorly defined; 2, incomplete/cystic or delicate but well defined; 3, complete intact capsule. Presence of vasculitis was assessed as 0, none; 1, minimal; 2, moderate scattered; 3, plasma cells surrounding the vessels. All data are expressed as mean ± SD.
RESULTS
All 20 mice survived imaging studies during their respective observation periods of either 3 or 12 weeks..
MicroUltrasound
Only 1 of 10 small grafts were detected after 12 weeks by ultrasound, and 5 of 10 were found at necropsy. All large grafts were identifiable by ultrasound at 12 weeks. Small and large graft ultrasound volumes at different time points are summarized in Table 1 . The volumes of the small grafts decreased from baseline by 9.4% and 12% at 1 and 3 weeks, which was not statistically significant. Only 1 small graft was detected at 12 weeks, so no average volume change could be calculated for this time point. Large graft volume significantly diminished from baseline by 13% and 46% from baseline at 3 and 12 weeks, respectively.
Attempted Doppler ultrasound failed to distinguish vascularized portions of the graft due to interference of the signal form abundant skin vasculature. Large graft volume percentage cavitation did not increase from baseline at 1 week (3 ± 1.3 %vol versus 3.3 ± 2.3 %vol, P = 0.76) and at 3 weeks (3 ± 1.3 %vol versus 5.5 ± 4.1 %vol, P = 0.09), and but it increased at 12 weeks (3 ± 1.3 %vol versus 4.5 ± 3.0 %vol, P < 0.05). Cavitation could not be reliably assessed in small grafts.
Metabolic Activity
SMR of small and large grafts increased significantly from 3 to 12 weeks (Table 2 ). There was no difference in the SMR between small and large grafts at any time point.
Histology
Fat graft globules were well circumscribed and easily discerned from the surrounding tissues. All deposited small and large grafts were retrieved at 3 weeks; however, 10/10 large but only 5/10 small grafts were identified at 12 weeks.
H&E
Fat graft viability expressed as the percentage of viable specimen cross-section area decreased in the large and remained statistically unchanged in the small grafts over time (Fig. 1 ). Small and large fat graft viability was similar at 3 weeks (74 ± 20 versus 71 ± 20, P = 0.87) and at 12 weeks (55 ± 32 versus 31 ± 29, P = 0.18). Cystic formation within grafts expressed as percentage of slide section area was irrespective of aliquot size and similar at both time points (Fig. 2) . H&E staining showed increased presence of ghost cells within small and large grafts with time (Table 3) . Percentage of ghost cells within grafts did not differ in the small versus large specimens at 3 and 12 weeks. Similarly, the amount of immune cells within grafts remained uniform regardless of time and graft size ( Table 3) . Interestingly, there was no observed vasculitis within grafts at 3 weeks, whereas vasculitis was noted in small and large grafts at 12 weeks with the latter presenting a significant increase from 3 week time point (Table 3) . Characteristics of capsules surrounding the grafts are depicted in Table 4 . At 3 weeks, the organization of a capsule ranged from minimal to thin and well organized regardless of graft size. At 12 weeks, in contrast to small grafts, the capsules surrounding the large grafts became more defined and complete with large amounts of mouse inflammatory immune cells and greater tendency to form cysts. The small grafts that survived 12 weeks had very thin capsules that consisted largely of fibroblasts and other supportive matrix cells and less immune cells than their large counterparts. H&E staining also revealed adipocytes of various sizes, with certain morphologies suggesting an early developmental stage, which was further explored with antibody and proliferation marker staining.
Perilipin
Perilipin staining confirmed landscape of living versus nonliving adipocytes to determine overall architecture of grafts at 3 and 12 weeks and differentiated adipocytes from stromal cells. Moreover, perilipin staining revealed early adipocytes with frothy appearance suggesting regenerative processes of adipogenesis at 3 and 12 weeks (Fig. 3) . These cells stained heavily with perilipin compared with surrounding cells.
ISH
ISH assay identified human-derived nuclei marked by chromogen-labeled, human-specific Alu DNA repeats and showed capsule surrounding the graft to be solely of mouse origin. Human fat breakdown and necrosis was made evident by large amounts of human DNA present in mouse-resident macrophages located mostly in perivascular distribution in the mouse-derived capsule (Fig. 4) . Additionally, ISH staining demonstrated that morphologically identified adipocytes and stromal cells within grafts (inside graft capsules) were of both human and mouse origin presenting a chimeric environment suggestive of regenerative processes (Fig. 5A, D, G) . These processes were more pronounced at 12 weeks than at 3 weeks (Fig. 6 ).
Ki-67
Within the interior of the graft, positive nuclear staining of adipocytes with Ki-67 (S-phase proliferation marker) in sequential slices with ISH for Alu repeats indicated an active state of proliferation of human origin, particularly at 12 weeks (Fig. 5B, E, H and Fig. 6 ). Additionally, at both time points, capsular adipocytes stained positively with Ki-67 and lacked positive staining with ISH for human Alu repeats, pointing at regenerative contribution of the mouse, within the capsular space at the least (Fig. 6 ).
CD34
To further explore regeneration and cell viability within grafts, CD 34 stain was performed. Positive CD34 may indicate presence of preadipocytes and mesenchymal cells both suggestive of active graft regeneration. Investigation of the presumed adipocyte progenitors with the CD34 did reveal smaller cells with similar morphology to adipocytes of earlier developmental stage. Staining was the strongest in comparatively smaller adipocytes with robust and discrete cell membranes and located in closer proximity to the graph periphery (Fig. 5C, F, I ). Moreover, positive CD34 staining confirmed the presence of viable cells, which coincided with morphology of mature adipocytes. Negative CD34 staining was noted toward the center of the graft in cells that have lost discrete cell membranes and exhibited strong vacuole formation.
CD24
CD24 staining proved to be uninformative, due to high cross reactivity between species and cell types.
CD68
Due to the intense positive staining with Ki-67, CD68 antibody was used to rule out proliferation of macrophages, another possible cell type of mesenchymal lineage. Sequential slices revealed little to no CD68 staining in proliferating (Ki67+) human adipose xenograft cells. Splenic tissue served as a positive control and with expected distinct and localized staining.
Blood Vessel Formation
Alu-ISH-stained 12-week samples provided a method to examine the origin and formation of blood vessels within the grafts. Interestingly, blood vessels composed of both hu- man and mouse cells were noted revealing chimeric character of neovascularization. Moreover, the vessels appeared to be more chimeric in a mouse cell-predominant environment (Fig. 7) , whereas, they consisted of mostly human endothelial cells in areas rich with human cells (Fig. 7 ).
DISCUSSION
Consistent with described clinical results, 4 variable fat graft retention was seen in our experiment. The 2 time points chosen in the study correlate clinically with early and late phases of healing: with 3 weeks marking the maximum of collagen deposition and 12 weeks reflecting more stabilized postsurgical tissue changes. Interestingly, volume of the large grafts decreased by 46% at 12 weeks, whereas only 1 of 10 small grafts could be detected by ultrasound at 12 weeks, indicating that some graft aliquots may actually be too small to survive. This observation coincides with volumetric analysis conducted by Choi et al., Fig. 6 . a, 5 ɥm sequential alu-iSH. B, Ki-67 staining of a 3-week small graft at 20× magnification. Human nuclei stained blue, mouse cells stained red, Ki-67 proliferating cells stained brown. note evidence of mouse proliferation (red nuclei on left corresponding with brown nuclei on right) within the mouse capsule (right half ). Many proliferating nucleated human cells were observed within the graft (left half ). at 3 weeks, most proliferation occurred within the capsule and was of mouse origin. Fig. 7 . the columns illustrate alu-iSH staining in 2 separate small graft samples at 12 weeks at 10× (a, B) and 20× (c, D) demonstrating formation of chimeric and mostly human blood vessels. the left column shows chimeric vessel formation with low levels of human nuclear staining (blue) in surrounding adipocytes. the right column exhibits human vessel formation with higher background levels of human nuclear staining. More human adipocytes = more human-derived vessels.
who noted that patients with higher grafted volumes had slower volume loss and higher volume retention. 8 Clearly, fat graft deposition method employed by these authors differed from a bolus technique used in our experiment; and therefore, our observations cannot be directly extrapolated to clinical practice.
One of the shortcomings of our ultrasound evaluation was the inability to assess the volume of living fat. Cavitation corresponding to oil cyst formation was indicative of fat necrosis. Moreover, the vascularity of the remaining graft bulk could not be reliably evaluated. Histological analysis further demonstrated significant reduction of viability of large but not small grafts from 3 to 12 weeks, which was likely a reflection of progressive cell death mainly occurring in the large grafts. It is noteworthy that despite decreased graft volume, graft metabolism increased with time. We postulate this finding may be due to regenerative processes and mouse stromal ingrowth that increased demands for nutrients and cellular metabolism.
The question remains how do fat grafts survive? As suggested in the literature, 12, 13 survival of fat graft may be due to persistence of the native grafted cells and/or may depend on repopulation of the original graft scaffolding by recipient cells. In our study, both proliferation of surviving donor cells and rapid cellular influx from the surrounding tissues contributed to overall graft maintenance. Although not directly investigated in our experiment, it is possible that dying cells release signals stimulating regenerative processes within the graft and adjacent tissues with the latter suggested by enhanced cellular proliferation in the mouse-derived capsules. As mentioned by Eto et al., 9 adipocyte death can trigger fat graft regeneration cascade mediated by adipocyte-derived stems cells.
To verify the presence of cells with stem cell-like potential related to graft regeneration, we immunostained for CD34 and CD24. Adipose-derived mesenchymal stem cells have the ability to progress to an adipocyte progenitor cell and other mesenchymal cell types such as endothelial cells, macrophages, and osteoclasts. 14 The adipocyte progenitors exist in a growth-arrested state and express both CD34 and CD24. 15 Upon induction of differentiation signaling, the adipocyte progenitors will re-enter the cell cycle and begin to produce adipocyte-specific proteins. 14, 15 At this stage, they are identified as cells committed to the lineage of an adipocyte, known as a committed preadipocyte. These cells continue to express CD34 but lose expression of CD24. 15 Through optimization of the CD24 antibody, we further aim to exploit this small difference between progenitor cells and committed preadipocytes in the hopes of confirming active adipose regeneration within the grafts. Figure 8 summarizes the process of adipocyte differentiation from the mesenchymal lineage that is referred to in our experiment.
To further explore regenerative processes within the graft, additional serial staining was performed. ISH for Alu repeats identified adipocyte nuclei of human origin in a chimeric environment with mouse adipocytes. Serial staining with Ki-67 (S-phase proliferation marker) identified active proliferation of human adipocytes, with higher concentrations at the graft periphery, consistent with CD34 antibody staining. Based on the positive staining with CD34 coupled with early adipocyte morphology ("frothy adipocytes"), we suspect that human origin adipose-derived mesenchymal stem cells survive grafting procedure and experience induction to adipocyte differentiation. The presence of human stromal cells in the graft indicates that the human stromal cell population either survived the grafting or was regenerated from a stem cell population. Moreover, the mouse stromal cells grew into the human fat and presumably provided scaffolding for adipocytes and initiated neovascularization. This observation is supported by the work of Planat-Benard et al., 16 who showed the differentiation of stromal vascular fraction to endothelial cells and their incorporation into vessels promoting postischemic neovascularization in nude mice. In addition to mouse stromal cells and vasculature, human-derived vasculature was also noted. Interestingly, we observed that a higher number of human-labeled adipocytes corresponded with regions of human-origin vessels again emphasizing survival and growth of adipocyte and stromal donor cells. Conversely, vessels of chimeric nature were observed in mouse stroma and had a lower number of human-labeled adipocytes in adjacent regions, suggesting the important influence of mouse-derived cells in creation of chimeric fat environment.
Model Limitations
Although our human xenograft mouse model is useful for the evaluation of graft physiology and cellular proliferation, it is not a true autologous fat graft model. Therefore, the mouse antigraft immune response does not fully recapitulate graft behavior of a human autologous fat transfer. However, the unique chimeric environment characteristic of the xenograft model has elucidated the origin of proliferating cells. This adds to the knowledge of the fat physiology in vivo and confirms fat graft remodeling is influenced by both host and donor factors. Our study included only 2 time points of assessment (3 and 12 weeks), and therefore, long-term behavior of grafted fat was not investigated. Furthermore, only 2 aliquot sizes (0.1 ml and 1 ml) were used, which were an order of magnitude apart, and interspersed aliquot sizes were not grafted as is utilized clinically. However, the small graft size was selected in effort to keep with volumes of fat injected in patients. Based on the average weight of an American woman and the average total fat graft volume used clinically, the graft accounts for approximately 0.2% of total body volume. This can be compared in our model with the small graft volume accounting for 0.36% of total mouse body volume. Graft size was selected based on tolerance of the model, the predicted sensitivity of the experimental technology, and to be comparable with the human patient.
Power Limitations
The largest limitation of this study is small sample size, with just 20 mice studied and recovery of only 10% of small grafts by ultrasound. However, 100% of small grafts were detected by PET at 3 and 12 weeks and as such were included in analysis of graft metabolism. It can be noted that 5 small graft aliquots were recovered at necropsy and included in histological analysis. Although we do show confirmatory results, the lack of power in our statistical analysis presents challenge to drawing significant clinical conclusions. As we do acknowledge this important limitation, the significance of the work remains in observed overall volume loss regardless of graft size and observations made in histology work, supporting the hypothesis of graft remodeling by both host and donor factors. As the first study to examine a human fat xenograft in vivo, we believe these preliminary results support and encourage work to further confirm graft and recipient contribution to the overall survival of fat grafts. As such, the next steps for this study are to further optimize staining with CD24 antibody to differentiate stem cells committed to an adipocyte lineage and to consider fluorescence cell labeling of human fat to better characterize absorption of small grafts over time.
In conclusion, although the perfect size of fat graft aliquot was not elucidated by this study, trivial graft amounts may be inadequate to survive. Fat graft retention deteriorated with time and was accompanied by increased metabolism potentially due to regenerative processes including proliferation of graft and host adipocytes, influx of host mesenchymal cells, and formation of chimeric vessels. As survival of graft cells of mesenchymal lineage was demonstrated in our study, potential selective targeting of cellular proliferation to improve graft retention may be delivered before or after engrafting.
